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Abstract
Oxygenase enzymes generate reactive intermediates at their active sites to effect controlled
functionalizations of inert C–H bonds in substrates, such as in the enzymatic conversion of methane to
methanol. To be viable catalysts, however, these enzymes must also prevent oxidative damage to
essential active site residues, which can occur during turnover in the absence of substrate. Herein we use
a combination of stopped-�ow spectroscopy, targeted mutagenesis, DFT calculations, high-energy
resolution �uorescence detection X-ray absorption spectroscopy (HERFD-XAS), and electron
paramagnetic resonance spectroscopy (EPR) to capture two transient intermediates that together form a
protective pathway built into the active sites of copper-dependent lytic polysaccharide monooxygenases
(LPMOs). First, a spin singlet (S = 0) CuII-(histidyl radical) is generated at the histidine brace active site
following treatment of the LPMO with either hydrogen peroxide or peroxyacids in the absence of
substrate. This intermediate reacts with a nearby tyrosine residue in an intersystem-crossing reaction to
give a ferromagnetically coupled (S = 1) CuII-tyrosyl radical pair, thereby restoring the histidine and the
histidine brace active site to its resting state to facilitate resumption of the catalytic cycle through
reduction. This process gives the enzyme the capacity to repair any damage to the active site histidine
residues ‘on the �y’, highlighting how enzymes protect themselves from deleterious side reactions during
uncoupled turnover.

Introduction
Lytic polysaccharide monooxygenases (LPMOs) are enzymes secreted by aerobic organisms during the
degradation of abundant biomass1,2. LPMOs have become the focus of research effort not only due to
their commercial potential in biore�neries3 and their roles as virulence factors4 in plant disease but also
because these enzymes employ an oxidative, as opposed to hydrolytic, mechanism for the cleavage of
glycosidic bonds within polysaccharides (Fig. 1a) 5,6. Of particular interest in this regard is the recalcitrant
nature of the polysaccharide substrate necessitates that LPMOs generate a potent oxidising intermediate
at their ‘histidine brace’ active sites (Fig. 1b) in order to cleave selectively strong C–H bonds (dissociation
enthalpy, ca 100 kcal mol−1) of the glycosidic ring within the polysaccharide7. The nature of this
intermediate has not been experimentally determined but has been explored in multiple theoretical
calculations, which propose it to be either a triplet state (S = 1) CuII-oxyl, [Cu-O]+ or a singlet state (S = 0)
CuIII-hydroxide, [Cu-OH]2+ 8−11. In addition to these theoretical studies, evidence that LPMOs do indeed
employ a high-valent copper species comes from experimental studies in which the enzyme has been
‘shunted’ with hydrogen peroxide (H2O2) to perform the same selective oxidative chemistry on saccharidic

substrates as with O2 (analogous to ‘shunt’ studies on P450 enzymes)12. As with all oxygenase and
peroxygenase enzymes, however, these intermediates cause damage to the enzyme through oxidative
cleavage of bonds on adjacent amino acids13, an action which compromises signi�cantly the e�ciency
of the enzyme14 − 16. An outstanding question about the mode of action of LPMOs is, therefore, what is
the nature of this damage, and how does the enzyme mitigate/prevent it? In this regard, it is known that
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the type of substrate17, the concentration of peroxide16, the type of reducing agent18, and the degree of
glycosylation19 of LPMOs are all factors in the degree of substrate versus enzyme oxidation.
Nonetheless, little is known about the fate of reactive intermediates at a molecular level.

In preparation for our studies aimed at understanding the reactivity of intermediates that are generated at
the histidine brace active site, we were mindful of previous work on LPMOs, which had demonstrated that
tryptophan and tyrosine amino acids adjacent to the histidine brace in LPMOs are rapidly oxidized ( < ~ 5
ms timescale) by the intermediate that is generated at the active site by the addition of peroxy acids to
CuI-LPMOs in the absence of substrate20. This previous work provided insight into the electronic coupling
pathways between the histidine brace and redox-active residues that function as conduits for charge
transfer through the protein by which reactive intermediates at the active site can be extinguished.
However, these studies were unable to identify the nature of any oxidative modi�cation to the active site.
Moreover, rapid charge transfer associated with these pathways reduced the lifetimes of any species
formed immediately after reactions with peroxides, thereby making their experimental observation
challenging. Thus, in expectation that the lifetime of any reactive species is a function of the distance
between the histidine brace and any redox-active amino acids13, we sought to take advantage of the fact
that some structures of LPMOs exhibit the putative redox-active tryptophan at a distance of ca. 10.3 Å
away from the active site, as opposed to the ca. 5.4 Å histidine brace–tryptophan distance in LPMOs
used in previous studies21 (Fig. 1b).

Using this strategy, we describe here a previously unobserved and spectroscopically distinct intermediate,
which forms and decays on a millisecond timescale following the addition of hydrogen peroxide or
peroxyacids to CuI-LPMOs. Freeze-quench trapping of the intermediate followed by EPR and high energy
resolution �uorescence detection X-ray absorption spectroscopy (HERFD-XAS) studies combined with TD-
DFT calculations reveal an open-shell singlet (S = 0) CuII-(histidyl radical) complex. This species is
extinguished by net hydrogen atom transfer from a nearby tyrosine to give an S = 1 ferromagnetically
coupled CuII-tyrosyl pair along with the restoration of the CuII-LPMO resting state. This mechanism
reveals the non-innocent properties of the histidine ligands of the histidine brace active site of copper
oxygenases and in this case, their role in defending the enzyme against oxidative damage during
uncoupled turnover.

Results
Transient intermediates in LPMOs

Stopped �ow UV-vis spectroscopy studies were performed for the reaction of the shunt reagent, meta-
chloro-perbenzoic acid (m-CPBA), with three different CuI-LPMOs, which had been prepared by the
reduction of a CuII-LPMO with either dithionite or ascorbate. One of the LPMOs (TaAA9) has a tryptophan
residue close to the active site as described above, whereas two others (LsAA9 and CvAA9) have
structures with a more distant tryptophan22,23 (Fig. 1c). In the former, in accord with previous studies20,
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we observed the appearance of two optical intermediates in stopped-�ow measurements that lie on
divergent pathways, viz. a tryptophanyl radical with characteristic bands at 520 and 548 nm (Fig.
2a), and a longer-lived tyrosyl radical with characteristic bands at ca. 420 nm (Extended data Fig. 1).
These species are formed with 65% and 26% conversions, respectively, based on known extinction
coe�cients of neutral tryptophanyl and tyrosyl radicals. 

In contrast, in the cases of CvAA9 (Extended data Fig. 2) and LsAA9 (Extended data Fig. 3), where the
tryptophan is located ca. 10 Å away from the histidine brace active site, no signi�cant oxidation of
tryptophan was observed. Instead, oxidation of a tyrosine, as evidenced by clear absorption with lmax =
414 nm (hereafter Int2) was preceded by the appearance of a short-lived species with lmax = ~360 nm
(hereafter Int1), and a further weak absorption in the 600 – 800 nm region of the spectrum. These kinetic
data are in accord with the expected lower degree of electronic coupling of the tryptophan residue with
the active site in LsAA9 and CvAA9 as compared to TaAA9, and would appear to con�rm the hypothesis
that, in the absence of substrate, the lifetime of a reactive intermediate, Int1, is controlled by coupling to
adjacent redox-active amino acids. It should be noted that although similar intermediates are observed in
both the LsAA9 and CvAA9 enzymes, there are some differences in the intensity and lifetime of each of
these species. 

Global modelling of the observed rates of formation and decay of the absorptions at 361 nm and 414 nm
could be achieved with a sequential A®Int1®Int2®B model, where A is CuI-LPMO and B is the CuII resting
state of the enzyme (assigned from the lack of any distinct spectral features in its visible spectrum at the
enzyme concentrations used in these experiments and the CW-EPR spectra of samples after the reaction
had complete, see below). The sequential nature of this reaction pathway, which likely involves, or is
triggered by, O–O bond cleavage of the oxidant (see Discussion), is evident when comparing the kinetic
transients at 361 nm and 414 nm (Fig. 2b inset). Using a molar absorption coe�cient (Y• ε420 nm) of

2,600 M−1·cm−1, we estimate that ~35-40% of reduced LsAA9 and ~55% of reduced CvAA9 are converted
to Int2 (via Int1), through this pathway. Using this model, we then determined the rates of formation and
decay of Int1 and Int2 under a variety of conditions in order to establish the dependency, if any, of their
lifetimes on: 1) the oxidant, 2) the reductant which was used to generate CuI-LPMO precursor, 3) the pH
and 4) the buffer. To this end, we developed an expression system for LsAA9 in Escherichia coli, which
gave access to the signi�cant amounts of protein needed to survey all of the different conditions, and
which further facilitated the site-directed mutagenesis studies described below (Supplementary
information Fig. S1). 

Within error, the rates of formation and reaction of Int1 and Int2 and their spectral features were found to
be independent of pH (6 to 8), buffer (phosphate, MES) and initial reductant (Fig. S2-S4 and Extended
data Fig. 4). Furthermore, no optical intermediates were observed when the CuII form of the enzyme was
used, demonstrating that the observed stopped-�ow spectra arise from oxidation of the CuI-state of the
LPMO (Fig. S29). We then examined the role of H2O2, peracetic acid (PAA) and m-CPBA as oxidants,
which all gave similar patterns of behaviour and, importantly for our later arguments, identical spectra for
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Int1 and Int2. The rate of conversion from Int1 to Int2 was found to be independent of H2O2 concentration

(12.8 ± 0.1 s-1 and 11.5 ± 0.02 s-1 with 10 equiv. and 50 equiv. of H2O2, respectively) and oxidant (PAA

and m-CPBA, 9.1 ± 0.02 s-1 and 9.0 ± 0.01 s-1, Fig. S5-S9). The rate of Int2 decay was also independent of
oxidant concentration/identity (Fig. S5-S9). The only signi�cant differences between oxidants were seen
in the rates of formation of Int1 (Extended data Fig. 5). Noticeably, Int1 did not accumulate when a
stoichiometric amount of H2O2 was used (Fig. S7) but was observed at higher equivalents. In contrast,
Int1 formation was observed with stoichiometric quantities of the more reactive peroxy-acid oxidants, m-
CPBA or PAA (Fig. S8, S9). For instance, rates of formation of 38.1 ± 0.1 s-1 and 38.9 ± 0.1 s-1 at 277 K
were observed with one equivalent of m-CPBA and PAA respectively, and rates of 14.8 ± 0.2 s-1 and 99.1 ±
0.3 s-1 at 277 K were observed with 10 equiv. and 50 equiv. of H2O2, respectively (Fig. S5-S9). The rates of
Int1 and Int2 formation were also measured in D2O buffer to determine whether any solvent kinetic
isotope effects (SIEs) were associated with either step. An SIE of 1.6 ± 0.2 was observed on the rate of
formation of Int1, which is consistent with the value reported in pathways involving heterolytic cleavage
of the oxidant O–O bond20 (Extended data table 1).

 

Intermediates 1 and 2 do not oxidize oligosaccharide substrates

To explore the reactivity of Int1 with oligosaccharide substrates, we next carried out stopped-�ow
measurements in the presence of cellopentoase (G5), a known substrate for LsAA912. No optical
intermediates were observed when oxidants were added to a mixture of G5 and CuI-LsLPMO (Fig. S31),
showing that Int1 and Int2 are not formed under these conditions, or that their rate of decay is much
faster than their rate of formation in the presence of substrate. We therefore turned to double mixing
stopped-�ow experiments, where CuI-LsLPMO is mixed �rst with stoichiometric amounts of oxidant,
allowed to age for 50 ms to generate a maximal concentration of Int1, and then mixed with G5. Under
these conditions, Int1 decayed ca. 40-fold faster in the presence of G5 than in the absence of substrate
(i.e. with 500 μM G5, rate = 225.1 ± 3.2 s-1 vs 6.0 ± 0.1 s-1 with buffer only) (Fig. 2c and S16). Int2 decay
(bi-exponential) was also accelerated (i.e. with 500 μM G5 = 38.4 ± 0.8 s-1 vs 0.20 ± 0.001 s-1 with buffer
only). These rates of decay were dependent on substrate concentration (Fig. S11–S19). However, the
presence of the G2 product in the double mixing experiments had no effect on the rate of decay of either
intermediate (Fig. S20, S21).

Despite the fact that the rates of decay of Int1 and Int2 are accelerated by substrate binding, it cannot be
inferred from these data that either intermediate is part of the oxygenase’s productive catalytic cycle. As
such, we undertook two experiments to determine the role, if any, of Int1 and Int2 in the productive
catalytic cycle of LsAA9. In both experiments, the double mix experiment described above was repeated
using both H2O2 and m-CPBA as oxidants but mixed at the second stage with either: i) a known
cellotetraose substrate for LsAA9 which �uoresces upon cleavage, or ii) analysing the double-quench
samples described above (with variable double-mixing times of 50, 300 and 1000 ms after the initial mix)
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for any cleavage products and their amounts as a function of Int1 or Int2 concentration (Extended data
Fig. 6 and 7). In both cases, no evidence of intermediate-dependent substrate cleavage was found,
showing that neither Int1 nor Int2 are likely to be parts of the productive catalytic cycle of LsAA9. In
contrast, control experiments where reactions are initiated by the addition of H2O2 to a mixture of
substrate and enzyme lead to product formation as anticipated. 

Intermediate 2 is a ferromagnetically-coupled (S = 1) CuII-tyrosyl complex

The relatively long lifetime (1–5 s) of Int2 allowed us to trap this species using standard freeze-quench
methods. Thus, using an Int2 sample quenched after ~1 s, we investigated its temperature and power-
dependent CW-EPR spectra and compared these to two control samples (CuII-LsLPMO and a sample
quenched after 5 s). Spectra of Int2 collected over the temperature range of 8 – 20 K showed the
presence of three different EPR active species for the ~1 s sample; i) signals from a CuII ion (S = ½), with
spin Hamiltonian parameters that match that of the LsAA9 resting state, ii) a sharp signal from an
organic-like radical (g ~ 2.00) without noticeable magnetic-splitting (S = ½) and with low intensity (ca. <
1% of the integrated CuII intensity) and iii) half-�eld, forbidden transitions, ‘DmS = ±2’ at 1500 G (Fig. 2d)

and allowed ‘DmS = ±1’ transitions. The observation of the two S = ½ signals (resting-state CuII signal and
sharp signal at g ~ 2.00) show that the trapped sample contains products that likely arise from the direct
homolytic �ssion of the peroxide bond to give CuII-OH and an organic-based radical. From modelling of
the low temperature EPR data, this constitutes ca 62% of the whole sample, in good agreement with
stopped-�ow data, and shows that this is the dominant pathway, similar to a previous report20. In
addition to the products from the homolytic pathway, the half-�eld transition and its temperature- and
power dependent behaviour reveal the formation of a separate triplet state (S = 1) species (calculated
dipolar coupling of T = [+3417 +917 -4334], and J = -100 MHz (modelling are not sensitive to the
magnitude of the exchange coupling), spin-spin distance is given for two extreme cases with dipolar
interaction tensor is assumed to be approximately axial, T ~ [-T, -T, +2T] with T = 2167 MHz (Cu…O = 2.88
Å) and a rhombic dipolar tensor, T ~ [-T, 0, +T] with T = 4344 MHz (Cu…O = 2.29 Å)). In combination with
the fact that Int2 has clear absorption features that match those of a tyrosyl radical, such a coupling can
only realistically arise from unpaired electrons on CuII ion and a tyrosyl radical that lies adjacent to the Cu
in the active site of LPMOs (Cu…O = 2.6 Å, Fig. 1). The triplet EPR signals are not observed in CuII-
LsLPMO nor in the sample freeze-quenched after ~0.5 and ~5 s (Fig. 2d, S32-S40), indicating direct
correlation between the population of tyrosyl radical observed in stopped-�ow measurement and
formation of the triplet state (S = 1). 

 

Mutagenesis of active site residues perturbs intermediate formation and decay

To con�rm the identity of the Tyr radical in Int2, we prepared Y164F and W64F variants of LsAA9. The
active site Tyr164 and the neighbouring Trp64 are thought to form part of a charge transfer pathway from
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the active site to the protein surface14. Stopped-�ow analysis of Y164F showed the formation of a single
intermediate species (Fig. S22), with very similar absorbance features to Int1. This intermediate is not
converted into Int2, but instead decays to a non-descript spectrum at a rate similar to that of Int2 decay in
the wild-type enzyme. In contrast to the wild type enzyme, temperature- and power-dependent CW-EPR
analysis (5 – 20 K) on a freeze-quench trapped sample (0.5 – 1 s after reaction, 60-80% Int1 relative
concentration, Fig. 3) revealed no half-�eld signals associated with a triplet species, showing that Int2 is
not formed in the reaction and that Int1 is not EPR active (Fig. S40, see below for further discussion).

Oxidation of the reduced W64F variant leads to the formation of Int1 and Int2 (Fig. S23) at similar rates
to wild-type LsLPMO. However, the rate of decay of Int2 in W64F is >10-fold slower than in the wild-type
enzyme, suggesting the tyrosyl radical of Int2 is reduced by rapid ‘hole-hopping’ from Trp64. This
behaviour is consistent with the site of tyrosyl radical identi�ed in EPR studies of Int2 being Y164,
a�rming the identity of Int2 as a ferromagnetically coupled CuII…Y164• pair. 

The roles of two additional conserved residues, His147 and Gln162, in intermediate formation and decay
were also explored. His147 lies adjacent to the histidine brace and participates in π-stacking interactions
with His78. With His147 replaced by Phe, Int1 and Int2 were formed as in the wild-type enzyme, albeit at
slightly different rates (k1 = 61.9 ± 0.2 s-1 and k2 = 3.6 ± 0.01 s-1), showing that His147 does not
contribute signi�cantly to the electronic features of Int1 and Int2 (Fig. S24). Interestingly no intermediates
were observed upon oxidation of H147A and H147Q variants, suggesting that p-stacking interactions with
His78 may be important for Int1 formation and/or stability, plausibly by restricting accessible
conformations of His78 (Fig. S25, S26). We next explored the role played by Gln162. This residue is
conserved across all AA9 LPMOs and is well-positioned to interact with H2O2 (or O2 derived species)
bound at the vacant equatorial coordination site. Previous studies have shown that mutation of this
conserved glutamine abolishes catalytic activity with both H2O2 and O2 as oxidants24, and QM/MM

calculations invoke an important role for the glutamine in orientating a peroxide within the active site25.
Stopped-�ow measurements with a Q162A variant revealed that no intermediates are accumulated upon
oxidation with H2O2 (Fig. S28), consistent with Gln162 playing a role in the formation of a CuI…HO–OH
species with the peroxide bound at the active site. In contrast, using m-CPBA as the oxidant, where the O–
O bond strength is expected to be weaker than in H2O2

26, led to rapid accumulation of Int2 (Fig. S27) with
no observable accumulation of Int1. Although not observed directly, we presume Int2 formation still
proceeds via Int1, but that the Q162A mutation decreases Int1 stability, preventing its accumulation on
the timescale of the experiment before formation of Int2.

Intermediate 1 is an open-shell singlet (S = 0) CuII-(histidyl radical) 

The characterization of Int2 as a CuII-tyrosyl radical pair is informative as to the nature of Int1, not least in
the fact that Int1 must exist at an oxidation state level which is one higher than a formal CuII state. Given
the potential of Int1 to be a high valent Cu-based species, therefore, we sought to trap this species and
determine its Cu oxidation state and electronic nature. To this end, we took advantage of the extended
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lifetime of Int1 in the Y164F variant, using rapid freeze quench methods (at 100 ms after reaction,
Supplementary information), to characterize it using a combination of CW-EPR spectroscopy and HERFD-
XAS.

Consistent with the EPR-silent nature of Int1 described above, CW-EPR spectra at 150 K of Y164F Int1
trapped at 100 ms also showed no signals associated with a triplet species. Subsequent annealing of the
sample from 150 K in 10 K steps to room temperature afforded a single CuII spectrum with spin
Hamiltonian parameters (gz = 2.265, Az  = 445 MHz) consistent with a CuII state of LsAA9, where this
species starts to appear in the spectrum at ~220 K (Fig. S41). Such magnetic behaviour reveals that the
sample trapped at 100 ms post-mixing is mostly Int1, and—in combination with the EPR data described
above—is likely an S = 0 spin singlet, although whether this is in an open or closed-shell form cannot be
determined from the EPR data alone. As a control, a freeze-quench sample trapped at 380 ms gave a
single CuII spectrum of the resting state, which only slightly gained intensity upon annealing to 273 K,
showing that the sample trapped at this timescale is likely a mixture of Int1 and the �nal product of the
reaction, but dominated by the latter.

Copper K-edge HERFD-XAS spectra (collected at 10 K to avoid signi�cant photoreduction of the sample,
Supplementary information) of samples trapped at 100 and 380 ms, and subsequent annealing through
a temperature range of 150 to 250 K, revealed in all cases an edge position at 8985.8(3) eV, consistent
with a sample that is principally in the CuII oxidation state19. An intense rising-edge feature at 8981.9(3)
eV is also observed, likely to be either a CuII shakedown transition often observed in the K-edge XANES
spectra of CuII species27, or a 1s-4p transition that is observed in the equivalent CuI form of the enzyme at
the same position, which could arise from partial photoreduction of the sample19. In the samples trapped
at 100 ms, which had been annealed to 150 K and 250 K, two weak pre-edge features at 8977.7(3) eV and
8979.2(3) eV were also observed (Fig. 4 and S44), which are not observed in the sample trapped at 380
ms, at which stage it is expected that the concentration of Int1 will have been substantially reduced.

The weak pre-edge feature at 8977.7(3) eV is assigned to a dipole-disallowed, quadrupole-allowed 1s-
3d(x2-y2) transition, commonplace in CuII enzymes and complexes. The transition is also commensurate
with previous Cu K-edge XAS studies on wild-type CuII-LsAA9, which exhibit the same transition at 8977.4
eV19. The pre-edge feature at 8979.2(3) eV, on the other hand, is not a common absorption feature in CuII

complexes, and—in the CuII oxidation state—can only realistically arise from a dipole-forbidden Cu(1s) to
ligand LUMO/SOMO transition. Moreover, for such a transition to have any intensity, the ligand orbital
must have some overlap with the orbitals of the metal. Such requirements are ful�lled by a radical based
on a ligand that is directly coordinated to the CuII. Indeed, such a weak pre-edge transition has been
observed before for oxidized forms of LsAA9 at 8982.8 eV, which in this earlier case was assigned to a
MLCT transition in an inactive CuII-tyrosyl species (which, at pH 7, is only formed upon prolonged
exposure to hydrogen peroxide)19. However, we can rule out the source of the absorption at 8979.2(3) eV
in the Int1 sample, as arising from the previously reported CuII-tyrosyl species in LsAA9, since the latter
occurs at 8982.8 eV, some 3.6 eV higher in energy.
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In making an assignment of the pre-edge transitions in Int1, we turn to previous work on the UV-vis
spectra of transient imidazolyl radicals, CuII-(imidazolyl radicals) and CuII-(histidyl radicals), all of which
exhibit semi-intense absorptions at ca. 360 nm (e > 2,000 M-1 cm-1)28,29, and also that of an isolated
imidazolyl radical with an intense band at 365 nm (e ~ 2,000 M-1 cm-1)30. The analogy between these
absorptions and that in Int1 directs us towards the possibility that Int1 is, in fact, a CuII-(histidyl radical)
complex. Indeed, given the need from the HERFD-XAS data for the radical ligand to have signi�cant
overlap with the copper orbitals, a histidyl radical offers itself as one of only two viable species, where the
other is one in which the radical ‘hole’ exists on the exogenous ligand coordinated to the CuII. While it is
not possible to separate the two possibilities on the basis of the combined UV-vis and HERFD-XAS data,
TD-DFT calculations for the pre-edge region of the XAS of Int1 were performed; these calculations give
reliable predictions into the number and relative intensities of any transitions of the possible species31.
As such, we performed TD-DFT calculations on an optimized structure of the active site of LsAA9 for a
CuII-(histidyl radical) where the hydrogen atom of the C2 carbon of His1 had been removed to give the
His1-radical. The C2 site for radical formation was chosen in the knowledge that C2-H atom abstraction
to give histidyl radicals has been observed for CuI-superoxide dismutases treated with peroxide32, and
that 2-oxo-histidine is the principal product from the reaction of AA10 LPMOs with H2O2 in the absence of

substrate14. We performed the analogous calculations on an optimized structure of the active site of
LsAA9 for a CuII-oxyl.

As expected, TD-DFT calculations on both CuII-oxyl and CuII-(histidyl radical) species afford two weak pre-
edge transitions in the XAS spectrum: 1s-3d(x2-y2) and 1s-ligand radical transitions (Fig. 4). For the CuII-
(histidyl radical) the calculated energy separation of the two transitions is 2.3 eV with near equal
intensity, which is a close match to the experimental separation of 1.8(4) eV and the relative intensities of
the two pre-edge peaks following correction for the rising background signal of the pre-edge transition
which, is not modelled in the TD-DFT calculations. (Fig. 4). The equivalent TD-DFT data for the CuII-oxyl
species give a separation of 3.6 eV of two peaks with unequal intensity. Thus, the combined data from
XAS, UV-vis spectroscopy and TD-DFT are most consistent with Int1 being a transient CuII-(histidyl
radical), which is formed following treatment of CuI-LsAA9 with peroxides.

 

 

Int1 and Int2 are part of an enzyme repair pathway

To explore the functional role of the Int1/Int2 charge transfer pathway, we next carried out steady-state
assays with wild-type LsAA9 using a known cellotetraose substrate which �uoresces upon cleavage. For
comparison, assays were also performed with the Y164F variant where the charge transfer pathway has
been disabled. Assays were performed in the presence of H2O2 and were initiated by the addition of
ascorbate as a reductant. The wild-type and Y164F variants show similar catalytic behaviour, with rapid
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initial formation of the anticipated �uorescent product followed by apparent deactivation (Fig. 5).
However, the origin of the observed deactivation is different in the two variants. In the wild-type enzyme,
activity can be restored by the addition of reductant, ultimately resulting in �uorescence intensity
anticipated following complete conversion of substrate to product. In contrast, the activity of the Y164F
variant cannot be restored with reductant and increases in reaction conversion can only be achieved by
the addition of fresh enzyme. Taken together, from these experiments we can infer that the Int1/Int2
charge transfer pathway forms part of an in-built enzyme repair mechanism that protects the active site
from oxidative damage during uncoupled turnover by restoring the copper-histidine brace to its resting
state, which can then re-enter the catalytic cycle through reduction (Fig. 5).

Discussion
Lytic polysaccharide monooxygenase (LPMOs) generate high-valent intermediates at their copper
histidine brace active sites. In coupled turnover, the high reactivity of these intermediates is crucial in
effecting hydrogen-atom-transfer (HAT) from the polysaccharide substrate. On the other hand, the
potential to generate such intermediates during uncoupled turnover remains, despite the fact that their
oxidizing power cannot be directed towards the substrate. In such cases, in common with other
oxygenase enzymes, LPMOs contain mechanisms by which the deleterious reaction of the intermediate
with the protein is reduced. The details of these mechanisms in LPMOs are beginning to be revealed,
consisting principally of: 1) substrate-dependent O2-activation mechanisms in AA10 LPMOs and 2)
charge-transfer pathways made-up of redox-active amino acids that extend from the histidine brace in
AA9 LPMOs to the protein surface, which can ‘extinguish’ a reactive intermediate inadvertently generated
at the active site19,33. In this context, our studies herein describe the formation of a CuII-(histidyl radical)
intermediate (Int1) formed during the reaction of a CuI-LPMO with peroxides in the absence of substrate.
This species is the �rst high-valent reactive intermediate to be observed and characterized at the active
site of an LPMO. Our current studies show Int1 is not ostensibly competent for oxidation of substrate, but
rather that it lies on a separate uncoupled pathway to the catalytic cycle, forming the �rst part of the
mechanism in LPMOs for extinguishing potentially damaging intermediates.

Int1 results from the direct reaction of CuI-LPMO with peroxide or peroxy acids in what can be described a
‘net’ heterolytic cleavage of the peroxide (Fig. 6). The details of this reaction cannot be determined from
our present study, which may consist of either homolytic cleavage of the peroxide followed by HAT from
the histidine to hydroxyl radical, or via direct Cu-oxyl formation via heterolytic cleavage of the peroxide,
followed by HAT from the histidine. The consistency between different peroxides and peroxy-acids in the
generation of this intermediate would argue for the latter pathway, although it is also clear that homolytic
cleavage of the peroxide with ‘release’ of the OH radical is a major pathway (65% of reactive pathways) in
wild-type LsAA9, albeit that it may not necessarily lead unequivocally to the generation of Int1. Whatever
the initial mechanism, it is evident that Int1 is readily and consistently formed in the active sites of
LPMOs, directing us towards the suggestion that it is part of a bespoke pathway for diffusing reactive
intermediates in LPMOs. To this end, the previously enigmatic Nτ-methylation of His1 in AA9 LPMOs, can
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now plausibly be seen to take on a role which stabilizes the formation of a histidine-radical as part of an
overall charge transfer pathway within LPMOs.

We have demonstrated that Int1 then oxidizes an adjacent conserved tyrosine residue on a 10–100 ms
timescale to give a ‘repaired’ active site and a benign CuII-tyrosyl radical complex, that is known from this
and other studies to then participate in a rapid charge transfer pathway that extends from the active site
to the exterior of the protein (Fig. 6)19. We have also shown that the activity of wild type LPMOs that have
oxidized substrate during coupled turnover and then participated in uncoupled turnover, can be restored
by the addition of reducing agent. In contrast, site-directed mutagenesis studies of the tyrosine to
phenylalanine mutant show that the mutant protein cannot be restored to activity after participating in
uncoupled turnover. These measurements have practical implications when exploiting LPMOs as
biocatalysts for lignocellulose deconstruction and show how careful control over the balance of oxidant
concentration and reducing equivalents will be important for achieving optimal catalyst performance. It is
also known from studies on fungal LPMOs that methylation of His1 protects LPMOs from oxidative
damage during coupled turnover34. The details of the protective mechanism in AA9 LPMOs are thus
revealed, in which a combination of a histidine and an adjacent tyrosine combine to provide a pathway
for the dissipation of oxidizing species at the histidine brace active site.

Conclusion
The ability of LPMO enzymes to mitigate and/or repair oxidative damage during catalytic turnover clearly
offers a competitive advantage to the biomass-degrading organisms which deploy these enzymes in their
secretomes. Herein we have shown that uncoupled turnover of LPMOs with peroxide rapidly leads to
oxidation of the protein structure. In fact, it is perhaps to be expected from the well-known chemistry of
CuI complexes with peroxides that uncoupled reaction of LPMOs with peroxide will lead to oxidative
reactions within the primary coordination sphere of the copper histidine brace35. Our study shows how
biological systems have �ne-tuned, through evolution, mechanisms by which this damage can be
mitigated. In particular, our results show that a conserved tyrosine residue in the active sites of LPMOs
reacts rapidly with the CuII-(histidyl radical) to restore it to a CuII-(histidine) complex in an apparent repair
reaction.

The property of LPMOs to repair oxidative damage in this way is a key component of the enzymes’ ability
to operate e�ciently in vivo, and also speaks to the balance that Nature has to strike in utilizing the power
of O2/peroxide-driven oxidation of substrates. Indeed, this argument is one that extends to the emerging
wider discussion about protective pathways within oxygenase enzymes, in which a metal ion is
coordinated by one or more histidine residues at the active site, representing the bulk of known metal-
containing oxygenases. Necessarily, given the proximity of the histidine to oxidizing equivalents, the
concomitant oxidation of coordinated histidine during either coupled or uncoupled turnover of these
enzymes could be assumed to be the �rst and principal site of damage. Thus, internal mechanisms to
mitigate the effects of this damage might also be expected to be found across a range of metal-
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dependent oxygenases. In LPMOs, a combination of histidine alkylation and adjacent redox-active amino
acids ful�l such a function, although our study shows that the repair pathway is also competent with an
unmodi�ed histidine. It becomes an interesting question as to whether this combination is more
widespread, especially given the fact that heterologously-expressed enzymes typically used in
biochemical studies may not carry the modi�ed histidines. It is also clear that other strategies, such as
addition of excess reducing agents taken to ‘extinguish’ histidyl radicals generated during the turnover of
oxygenases, may offer themselves as means of increasing e�ciency by prolonging the life of the
catalyst36, be it an enzyme or—for that matter—a small molecule mimic. Our studies reported herein on
LPMOs can therefore direct future research efforts on maximizing the e�ciency of oxidative catalysts13.
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Methods And Materials
Materials

H2O2 solution (30%), meta-chloroperoxybenzoic acid (m-CPBA) and peracetic acid (PAA) were purchased
from Sigma-Aldrich and used as received. Cellopentaose (G5) substrate and cellobioase (G2) were
purchased from Megazyme Ltd. The �uorescence resonance energy transfer (FRET) substrate (FRET-G4)
was synthesized according to the reported procedure23. LB agar, 2 x YT auto induction media were
purchased from Formedium; Escherichia coli (E. coli) C43 (DE3), Q5 DNA polymerase, T4 DNA ligase and
restriction enzymes from New England BioLabs; and oligonucleotides were synthesized by Integrated
DNA Technologies. Buffer solutions were prepared using MQ water.

 

Construction of pET22b_LsLPMO9A and variants

The coding sequence of fungal LsLPMO (obtained from Prozomix Limited, UK) was codon optimized for
E. coli expression. To produce the mature LPMO with a catalytic N-terminal His1 residue, a pelB leader
sequence, which directs the protein secretion to the periplasm and is cleaved off automatically, was
ligated to the N-terminus of the LsLPMO gene. To achieve high yielding protein puri�cation, a twin-strep-
tag sequence (GGSG-WSHPQFEK-GGGSGGGSGGSSA-WSHPQFEK) was ligated to the C-terminus (Figure
S1a, 1b). The chimeric DNA sequence was obtained by overlapping PCR using primers E8K_Tt3318A_F
(5’-AGATCTTTTAAGAAGGAGATATACATATGAAGTATCTGCTACCTAC-3’) and ZYLPMO1R (5’-
TCCACGCCGAACCTCCCGATCCACCTCCGGAACCTCCACCTTTCTCGAATTGTGGATGGG-3’). The PCR
product was used as template for a 2nd round PCR with the primers E8K_Tt3318A_F and ZYLPMO2R (5’-
TACTCGAGTTTGGATCCTTA TTTTTCGAACTGCGGGTGGCTCCACGCCGAACCTCCCGAT-3’). The resulting
PCR product was digested by NdeI and XhoI enzymes, and subsequently inserted into the pET22b vector
(Invitrogen), to yield the �nal pET22b_LsLPMO construct. The Y164F, W64F, H147F, H147Q, H147A and
Q162A mutations were introduced into the pET22b_LsLPMO construct using QuikChange site-directed
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mutagenesis. Final DNA sequences were con�rmed by DNA sequencing (Source BioScience, Nottingham,
UK). 

 

Protein production and puri�cation

Chemically competent E. coli C43 (DE3) cells were transformed with the appropriate LPMO construct
(pET22b_LsLPMO WT, Y164F, W64F, H147F, H147Q, H147A and Q162A) and plated onto LB agar
containing 100 µg/mL ampicillin. A single colony was used to inoculate 5 mL of LB medium (containing
ampicillin 100 µg/mL) and cultured for 18 h. 4 mL of this culture was used to inoculate 400 mL 2 ´ YT
auto induction medium (Formedium, Norfolk, UK) supplemented with 100 µg/mL ampicillin for a 2 h
incubation at 37 ˚C, followed by a further incubation of 20 h at 25 ˚C (shaking 180 rpm). The cells were
harvested by centrifugation (6000 ´ g, 4 ˚C, 10 min) and frozen at -20 ˚C until puri�cation.

The frozen cell pellets were thawed on ice for 0.5 h and suspended in 50 mL cold NP buffer (NaH2PO4 50
mM, NaCl 300 mM, pH 8.0) containing lysozyme (1 mg/mL) and DNase (10 µg/mL). The mixture was
sonicated for 2 ´ 5 min (1 s on, 1 s off at 50% power) and centrifuged (20,000 ´ g, 4 ˚C, 1 h). The
supernatant was �ltered through a 0.2 µm �lter and slowly passed through a 5-mL Strep-Tactin®XT
column (IBA GmbH, Germany). The column was washed with NP buffer (75 mL) to remove the unbound
proteins. Finally, the desired apo-LsLPMO was eluted with 18 mL NPB buffer (NaH2PO4 50 mM, NaCl 300
mM, biotin 50 mM, pH 8.0). The eluted solution was concentrated by Vivaspin 20 centrifugal
concentrators (Generon, Berkshire, UK) with a 10,000 Da molecular weight cut-off membrane, then
desalted using a 10DG desalting column (Bio-Rad, Hertfordshire, UK) with potassium phosphate (50 mM,
pH 6.0) as the elution buffer. The protein concentration was determined by the absorbance at 280 nm
with a Nano-Drop spectrophotometer (ThermoFisher Scienti�c) using the molecular weight and extinction
coe�cient calculated by ProtParam tool in ExPASy.

To generate copper-loaded LsLPMO WT, W64F, H147F, H147Q, H147A and Q162A, a solution of CuCl2 (1.1
equiv., 10 mM in Milli-Q water) was slowly added to the above concentrated apo-protein solution followed
by incubation on ice for 2h. Excess free copper was removed using a 10DG desalting column with
potassium phosphate (50 mM, pH 6.0) as the elution buffer. The Y164F mutant was found to have a
weaker a�nity for the catalytic copper ion when compared to the wild-type enzyme. It was observed that
use of the 10DG desalting column resulted in low concentrations of copper-loaded Y164F. Therefore, to
produce the copper-loaded Y164F, the concentrated apo-protein solution was incubated with CuCl2 (0.75
equiv., 10 mM in Milli-Q water) on ice for at least 2 h without any further desalting and concentration
steps. The puri�ed proteins were analyzed by SDS-PAGE (Figure S1c), high-resolution mass spectrometry
(HRMS) and electron paramagnetic resonance (EPR) spectroscopy, and stored at 4 ˚C prior to use within
one week.
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Mass spectrometry (MS) analysis

Puri�ed proteins were buffer exchanged into 0.1% acetic acid using a 10 kDa MWCO Vivaspin (Sartorius)
and diluted to a �nal concentration of 0.5 mg/mL. MS was performed using a 1200 series Agilent LC, 5
μL injection into 5% acetonitrile (with 0.1% formic acid), and desalted inline for 1 min. Protein was eluted
over 1 min using 95% acetonitrile with 5% water. The resulting multiply charged spectrum was analysed
using an Agilent QTOF 6510 and deconvoluted using Agilent MassHunter Software. The measured
protein MS are listed in Table S1.

 

Stopped-�ow kinetics

Stopped-�ow kinetic measurements were carried out using an SX20 rapid mixing stopped-�ow
spectrophotometer (Applied Photophysics Ltd, Leatherhead, UK) placed inside a Belle Technology
anaerobic chamber (oxygen levels < 2 ppm) as previously described37. Multiple wavelength data were
collected at 3 ˚C using a photodiode array (PDA) detector and single wavelength data was obtained from
a photomultiplier tube (PMT) single wavelength detector. Most stopped-�ow single mixing experiments
were peformed at 3 ˚C in potassium phosphate buffer (KPi 50 mM, pH 6.0, degassed overnight before
use) using a �nal concentration of 50 μM protein (reduced by 25 µM ascobate) and 50 μM oxidants (m-
CPBA, peracetic acid and H2O2), or H2O2 (500 µM, 2500 µM). For double mixing stopped-�ow

measurments, reduced CuI-LsLPMO WT (200 µM, 50 µM �nal) was �rst mixed with PAA (1 equiv., 200 µM,
50 µM �nal) and held in an ageing loop for 50 ms to generate Int1, or 1 s to generate Int2, before mixing
with either buffer (as a control) or G5 substrate (50 µM, 100 µM, 200 µM and 500 µM �nal
concentrations) at pH 6.0, 3 ˚C. Stopped-�ow �uorescence measurements using a FRET substrate were
performed using an excitation wavelength of 330 nm and a 455 nm high-pass �lter. Stopped-�ow
samples were freshly prepared by bringing concentrated enzyme stocks, reductant stocks, oxidants
stocks, and cellopentaose (G5) substrate stocks inside the N2 glovebox.  

 

Stopped-�ow kinetics �tting

Raw UV/visible absorbance changes from stopped-�ow single mixing experiments were �tted globally
using the Pro-Kineticist software (Applied Photophysics). Kinetic transients at single wavelengths from
stopped-�ow experiments were �tted to single, double or triple exponential equations using the Pro-Data
Viewer software.

 

Quench-�ow kinetics
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Quench-�ow experiments were carried out using an RQF-73 rapid quench-�ow instrument (TgK Scienti�c,
UK) placed inside a Belle Technology anaerobic chamber (oxygen levels < 2 ppm). All quench-�ow double
mixing experiments were performed at 3˚C in KPi (50 mM, pH 6.0, degassed overnight before use). The
reduced CuI-LsLPMO WT (200 µM, 50 µM �nal) was �rst mixed with m-CPBA (1 equiv., 200 µM, 50 µM
�nal) and held in an ageing loop for 50 ms to generate Int1, or 1 s to generate Int2, before mixing with G5
substrate (5 equiv., 250 µM �nal concentration) at pH 6.0 at 3˚C. The �nal reaction mixture (200 µL) was
recovered from the instrument and immediately quenched with MeCN (200 µL). The mixture was
centrifuged at 10 000 rpm for 10 min and the supernatant was subjected to LC-MS analysis.

 

Liquid Chromatography- Mass Spectrometry

All analysis was conducted on a QExactive Plus with an Ultimate 3000 UHPLC (Thermo, UK). The UHPLC
was equipped with a ZIC-cHILIC column (2.1 mm x 100 mm; 3 mm particle size). The solvents employed
were (A) water + 0.1% formic acid and (B) acetonitrile + 0.1 % formic acid. The �ow gradient was
programmed to equilibrate at 99% B for 2 min followed by a linear gradient to 10% B over 10 min and
held at 10% B for 2 min before returning to 99% B for 2 min with a �ow rate of 600 mL/min. The column
was maintained at 40 °C and the samples chilled in the autosampler at 10 °C. A sample volume of 5 μL
was injected onto the column. Data acquisition was conducted in full scan mode in the scan range of 90-
1050 m/z with a resolution of 70,000, an AGC target of 3e6 and a maximum integration time of 200 ms.
The acquisition was conducted in positive ion mode.

 

 

Electron paramagnetic resonance (EPR)

EPR measurements were carried out using a Bruker ELEXSYS-E580 X-band EPR spectrometer capable of
operating both in continuous wave (CW) and pulsed modes, equipped with an Oxford variable-
temperature unit and ESR900 cryostat with Super High-Q resonator. All EPR samples were prepared in
quartz capillary tubes (outer diameter; 4.0 mm, inner diameter 3.0 mm) and frozen immediately in liquid
nitrogen until further analysis. The X-band EPR tubes were then transferred into the EPR probe-head,
which was pre-cooled to 20 K. A microwave power of 30 dB (0.2 mW) and modulation of 5 G appear to be
optimal for recording the EPR spectra of the LsLPMO9A and its variants. The low temperature EPR
spectra were acquired using the following conditions: sweep time of 84 s, microwave power of 0.2 mW,
time constant of 81 ms, average microwave frequency of 9.386 GHz and modulation amplitude of 5 G.
The intermediates were formed using 200 µM protein with 100 µM ascorbate and 200 µM PAA in 50 mM
KPi buffer (pH 6.0). Analysis and simulations of the CW-EPR spectra were performed using EasySpin
toolbox (5.2.28) for the /Matlab (R2017a) program package38.
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X-ray absorption spectroscopy (XAS)

LPMO LsY164F (0.8 mM) in KPi buffer (1.5 mL, 50 mM, pH 6) was loaded with CuII (0.8 equiv., 10 mM
Cu(NO3)2) and reduced under anaerobic conditions using sodium ascorbate to a �nal concentration of

CuI LsY164F of 0.64 mM. CuI LsY164F (1.5 mL, 0.64 mM) was loaded along with m-CPBA (1 mL, 50 mM)
into separate syringes and cooled to 3 ˚C in the Biologic SFM 2000. The solutions were programmed to
mix in a 1:1 molar ratio at 100 ms and 350 ms before being ejected into liquid N2. The samples were then
ground into a �ne powder in liquid N2 to be packed into pure aluminium sample holders for the XAS
measurements. 

The HERFD-XAS experiments were performed at beamline I20-Scanning39 at Diamond Light Source
(Didcot, United Kingdom). At the time of the measurements the synchrotron was operating with a ring
energy of 3 GeV and at a current of 300 mA. The beamline was equipped with an in-house designed four-
bounce scanning Si(111) monochromator40 and two dedicated Rh-coated mirrors operating at 4.5 mrad
incidence angle were used to reject higher harmonics. The x-ray emission spectrometer41 available in the
beamline, and based on a 1 m diameter Rowland circle operating in the Johann con�guration in the
vertical plane42 was used for the experiment.

The Cu Kα1 emission line (8048 eV) was collected using three 100 mm diameter Si(444) spherically bent
analyzer crystals. An ionization chamber �lled with the appropriate mixture of He and Ar gases to absorb
20% of the beam was used as an incident intensity monitor, while a four element Medipix-Merlin photon-
counting pixel detector43 was used to monitor the Kα1 emission line. 

During data collection, samples were held at 10 K (140 K during sample transfer) using a liquid He
cryostat, to curb photoreduction radiation damage induced photoreduction. Each six-minute scan was
collected at different points in the sample, to avoid photoreduction. 

All XANES spectra for the respective samples were processed via calibration, alignment, background
removal and normalisation and subsequently merged to improve signal-to-noise ratio using Athena v
0.9.26, part of the Demeter software44 following standard procedures.

 

DFT calculations

Geometry optimizations were performed using the ORCA 4.2 software package to the DFT level of
theory45. Starting point geometries of the resting state LsAA9 enzyme were obtained from
crystallographic coordinates (PDB: 5ACI)23. The crystallographic coordinates were truncated to only
include the central copper ion, coordinating oxygen and certain key residues: His-1 and His-78 making up
the ‘histidine brace’, Tyr-164 and Gln-162.  Hydrogen atoms were added to suitable positions to complete
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the valence shells of each atom from the crystallographic coordinates. To further reduce the size of the
model the selected residues were further truncated via the following modi�cations: The carbonyl of His-1
was substituted with a methyl group; His-78 and Tyr-164 were truncated by methyl substitution of the Cβ

carbon; Gln-162 was truncated by methyl substitution of the Cγ carbon. For the oxyl calculation no
hydrogen atoms were added to the ligating water molecule and for the histidyl radical calculation no
hydrogen atom was added to the C2 position of His-1.

 

Optimizations of both models were performed on a broken symmetry open-shell singlet surface
specifying two individual unpaired electrons on two separate sites. The optimizations were performed
using the generalized gradient approximation (GGA) functional uBP86 as implemented by ORCA 4.2.
Ahlrich’s Def2-TZVP basis set was used to describe the copper ion and all ligating atoms. For the histidyl
radical model the C2 carbon was also treated with the Def2-TZVP basis set. All remaining atoms were
described by Def2-SVP. Solvation effects were accounted for using the Conductor-like Polarizable
Continuum Model (CPCM) with a dielectric constant of 4.0 and a refractive index of 1.33. Dispersion
corrections were implemented using Grimme’s DFT-D3 approach with Becke-Johnson damping (D3BJ).
The RI approximation was employed to speed up the speed of the calculations using the Def2/J auxiliary
basis sets.

 

TD-DFT XAS calculations

Time Dependent Density Functional Theory (TD-DFT) X-ray Absorption Spectroscopy (XAS) calculations
were performed using ORCA 4.2 software. The geometry optimized coordinates for CuII-LsAA9-oxyl and
CuII-LsAA9-histidyl radical cluster models were used for this calculation. Calculations were performed
using the uB3LYP functional and ZORA-def2-TZVP basis set on all atoms. The Zeroth order relativistic
approximation (ZORA) was employed to better account for relativistic effects; deemed important for this
type of calculation. The SARCJ auxiliary basis set was also used to give improved accuracy on relativistic
calculations than that of def2J. The integration grid size was increase to its maximum of 7. Solvation
effects were accounted for using the Conductor-like Polarizable Continuum Model (CPCM), ε = 80.0 and
refractive index = 1.33. 30 transitions (roots) were calculated starting from the Cu 1s orbitals. The lowest
energy peak calculated in both models corresponds to a weak quadrupole allowed 1s-3d transition (�nal
state occupying the Cu hole), the next is a weak 1s→2p MLCT (�nal state occupying a 2p orbital on the O
atom of the oxyl or the C2 carbon atoms of His-1), followed �nally by the rising edge of
1s→4p/continuum.
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Figure 1

Structures and catalytic functions of lytic polysaccharide monooxygenases. (a) Chemical scheme
depicting oxidative cleavage of oligosaccharides by LPMOs at C1 or C4. (b) Overlay of the LsAA9 (PDB
5ACH) and HjAA9 crystal structures (PDB 5O2X). (c) Overlay of the LsAA9 (PDB 5ACH), CvAA9 crystal
structures (PDB 5NLT), and TaAA9 (PDB 3ZUD). The copper ion is shown as an orange sphere, and key
active site residues are shown as atom coloured sticks. The catalytic copper is chelated by two nitrogen
atoms of an N-terminal histidine (or N-methyl histidine) and the Nτ nitrogen atom of a second histidine in
a T-shaped con�guration, termed the ‘histidine brace’.
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Figure 2

Stopped-�ow and EPR analysis of intermediates formed upon LPMO oxidation. (a) Overlay of UV-vis
spectra of transient intermediates generated in TaAA9, CvAA9 and LsAA9. In TaAA9, a tryptophanyl
radical is formed with characteristic bands at 520 and 548 nm. In LsAA9 and CvAA9, a short-lived species
(Int1) with weak absorption maxima at ca. 355-365 nm is observed. (b) Representative spectra of
intermediates and rates of formation upon mixing 50 µM reduced LsAA9 with 50 µM peracetic acid. A
�rst intermediate (Int1) with a major absorbance feature at 361nm rapidly accumulates, and decays to a
second species (Int2) with an absorbance at 414 nm consistent with a tyrosyl radical. Inset shows kinetic
transients at 361 nm and 414 nm overlaid by �ts from global analysis (black dashed lines). (c) Double
mixing stopped-�ow experiments showing absorbance changes at 361 nm after 50 µM reduced wild-type
LsLPMO was �rst mixed with 50 µM PAA, aged for 50 ms to generate Int1, prior to a second mix with
either buffer (red) or 500 µM G5 substrate (red dotted). Black dashed lines show the �ts of the data to a
double exponential. All raw data is shown in the supporting information. (d) CW-EPR spectra of selected
samples in the low-�eld region show the half-�eld ‘DmS = ± 2’ transitions. Temperature-dependent spectra
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are shown (bottom) with resting-state EPR signals subtracted manually. All raw data are shown in the
supporting information.

Figure 3

The lifetime of reactive intermediates in LsAA9 variants. Crystal structure of LsAA9 active site, showing
copper (orange), the histidine brace (grey atom coloured sticks), and key active site residues selected for
mutagenesis: H147 (green), W64 (pink), Y164 (cyan), and Q162 (yellow). For each of the mutants H147F,
W64F, Y164F, and Q162A, concentration pro�les of Int1 (red) and Int2 (blue) derived from global �tting
software are shown as a function of time (solid line) in comparison to the wild-type enzyme (dotted line).
All raw data can be found in Extended data.
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Figure 4

Left, copper K-edge HERF-D XAS spectrum (collected 10 K) of Int1 trapped at 100 ms and annealed to
150 K (inset is of pre-edge region) 0.3 eV resolution in pre-edge edge regions, smoothed with a spline
function. Right, TD-DFT spectra and active orbitals of (bottom) CuII-oxyl species, and (top) CuII-(histidyl
radical).
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Figure 5

Proposed repair mechanism operating in LsAA9. (a) Steady state assays using a �uorogenic substrate
with LsAA9 WT (black) and Y164F (red). Reaction conditions: enzyme (1 µM), substrate (20 µM), H2O2

(150 µM), ascorbate (2 µM). Addition of ascorbate after 3 min restores catalytic activity of WT LPMO but
not the Y164F variant. (b) In WT LsAA9, Int1 and Int2 form part of a repair cycle which restores the
copper-histidine brace to its resting state, which can then re-enter the catalytic cycle through reduction.
This repair pathway is disabled in the Y164F variant.
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Figure 6

Reaction pathways of CuI-LsAA9 reacting with peroxides in the absence of substrate
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